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in Endothelial Cells

TAKAHIRO SUZUKI,'2 MAYUMI ABE,' HIROKI MIYASHITA,' TOSHIMITSU KOBAYASHI,?
anD YASUFUMI SATO'™*

'Department of Vascular Biology, Institute of Development, Aging and Cancer, Tohoku University, Sendai, Japan
zDepartment of Otolaryngology-Head and Neck Surgery, Tohoku University Graduate School of Medicine, Sendai, fapan

Puromycin insensitive leucyl-specific aminopeptidase (PILSAP) expressed in endothelial cells (ECs) plays an important role in angiogenesis-
due to its involvement in migration, proliferation and network formation. Here we examined the biological function of PILSAP with respect
to EC morphogenesis and the related intracellular signaling for this process. YWWhen mouse endothelial MSS31 cells were cuitured, a
dominant negative PILSAP mutant converted cell shape to disk-like morphology, blocked stress fiber formation, and augmented
membrane ruffling in random directions. These phenotypic changes led us to test whether PILSAP affected activities of Rho family small
G-proteins. Abrogation of PILSAP enzymatic activity or its expression attenuated RhoA but not Rac| activation during cell adhesion. This
attenuation of RhoA activation was also evident when G-protein coupled receptors such as proteinase-activated receptor or
lysophosphatidic acid receptor were activated in ECs. These results indicate that PILSAP affects RhoA activation and that influences

the proper function of ECs.
J. Cell. Physiol. 21 1: 708-715, 2007. © 2007 Wiley-Liss, Inc.

Angiogenesis is the formation of new blood vessels through
endothelial cell (EC) proliferation and migration in combination
with tubular morphogenesis. Angiogenesis is indispensable for
various physiological and pathological processes, such as
embryonic development, wound healing, diabetic retinopathy,
and solid tumor growth. A number of molecules regulate
angiogenesis both positively and negatively. However, the
molecular mechanism of angiogenesis is not yet completely
understood.

We searched for novel molecules involved in angiogenesis
regulation, and isolated puromycin insensitive leucyl-specific
aminopeptidase (PILSAP) with the use of subtraction strategy
whose expression was augmented during the in vitro
differentiation of murine embryonic stem (ES) cells to ECs
(Miyashita et al., 2002). The expression of PILSAP in ECs is
evident at the site of angiogenesis in vivo, and is regulated,

at least in part, by a transcription factor polyomavirus
enhancer-binding protein 2 (PEBP2) (Miyashita et al., 2002;
Niizeki et al., 2004). Interestingly, endoplasmic reticulum
aminopeptidase associated with antigen processing (ERAAP)
was found to be identical to PILSAP, which was involved in the
cleavage of various peptides for antigen presentation by MHC
class | molecules (Serwold et al., 2002). Nevertheless, our
analyses have revealed that PILSAP plays an important role in
angiogenesis by its involvement in migration, proliferation and
network formation (Akada et al., 2002; Miyashita et al., 2002).
Aminopeptidases catalyze the sequential removal of amino
acids from unblocked N-termini of peptides and proteins and
play important roles in various biological processes, such as
maturation, activation, modulation, degradation of bioactive
peptides (Taylor, 1993). PILSAP belongs to the Ml
aminopeptidase family, which contains an HEXXH(18X)E motif
and a central Zn“" ion essential for enzymatic activity. We
examined the mechanism by which PILSAP regulates vascular
endothelial growth factor (VEGF)-stimulated proliferation of
ECs. As PILSAP is an aminopeptidase, PILSAP is expected to
modulate cell function by catalyzing its physiological substrates.
Our analysis have revealed that PILSAP binds to
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phosphatidylinositol-dependent kinase | (PDKI) and removes
9 amino acids from the PDK | N-terminus, which subsequently
allows S6 kinase (S6K) to associate with PDK | and PILSAP upon
VEGF stimulation (Yamazaki et al., 2004).

Cell migration is a mechanically integrated molecular process
that involves dynamic, coordinated changes in cell adhesions
and cytoskeletal reorganization. The migration process
includes protrusion of the leading edge, formation of new
adhesions at the front, cell contraction, and the release of
adhesions at the rear (Lauffenburger and Horwitz, 1996; Sheetz
etal., 1998; Li et al,, 2005). Reorganization of actin cytoskeleton
generates locomotive force, and this process is regulated by
Rho family small GTPases such as RhoA, Rac, and Cdc42. Rho
family small GTPases act as molecular switches by cycling
between GTP- and GDP-bound states and transmit
extracellular chemotactic signals to downstream effectors.
Activated Rac and Cdc42 induce reorganization of actin
cytoskeleton at the leading edge. This reorganization of actin
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PILSAP AND RHOA ACTIVATION

cytoskeleton induces the formation of membrane protrusion
such as membrane ruffling (Small et al., 2002). In contrast, RhoA
regulates the assembly of contractile acto-myosin filaments.
This RhoA-mediated acto-myosin contractile force promotes
locomotion of the cell body and the trailing edge (Nobes and
Hall, 1999). These organized activities of Rho family small
GTPases make the proper cell polarity.

We previously showed that PILSAP did not affect integrin
expression, but was involved in adhesion to extracellular matrix
proteins (Akada etal., 2002). Here, we extended our analysis to
elucidate the molecular mechanism as to how PILSAP regulates
adhesion of ECs. Our present analysis revealed that PILSAP
takes part in the activation of RhoA in ECs.

Materials and Methods
Materials

The following materials were used: growth factor-reduced
Matrigel (Collaborative Research, Bedford, MA); a-minimum
essential medium («MEM), Opti-MEM, Lipofectamine, Superscript
Il reverse transcriptase, oligo(dT)|12-18 primer, and
oligofectamine (Gibco BRL, Rockville, MD); anti-RhoA Ab and
anti-Rac| Ab (Santa Cruz Biotechnology, Santa Cruz, CA); Isogen
(Nippon Gene, Toyama, Japan); PARI agonist peptide (PAR-1 AP)
(TFLLR-NH,, Tocris Cookson, Bristol, UK); Y27632 (EMD
Bioscience, San Diego, CA); lysophosphatidic acid (LPA; Biomol
Laboratories, Plymouth Meeting, PA); nitrocellulose membranes
{Amersham Biosciences, Buckinghamshire, UK); FuGENE 6
Reagent (Roche Diagnostics, Mannheim, Germany); C3
exoenzyme (Calbiochem, La Jolla, CA). Other chemicals were
purchased from Sigma (St. Louis, MO).

Cell culture

Mouse endothelial MSS31 cells isolated from mouse spleen
microfossils (Yanai et al., 1991) were routinely cultured in «MEM
containing 5% fetal bovine serum (5% FBS/aMEM; Oda etal., 1999).
MSS31 cells were stably transfected with pcDNA4A (Invitrogen,
Carlsbad, CA) empty vector (Mock), Wt-PILSAP or Mut-PILSAP
(Yamazaki et al.,, 2004). Established transfectants in bulk were
maintained in 5% FBS/aMEM containing 100 pg/mli of zeocin
(Invitrogen). Mut-PILSAP acts as a dominant negative molecule in
which glutamate residue 343 is substituted with an alanine (E343A)
in the aminopeptidase motif of PILSAP.

Immunofluorescence staining

For the inhibition of RhoA, cells were treated with C3 exoenzyme
according to the method described by Minambres et al. (2006).
Briefly, C3 exoenzyme (2.5 p.g) was precomplexed with FUGENE 6
Reagent (5 pl) in 100 wl of opti-MEM, and C3 exoenzyme complex
was added to the cultures. For the inhibition of Rho kinase, cells
were incubated in 5% FBS/aMEM on type-| collagen coated dishes
for 8 or 10 h with or without Y27632. In addition, cells were
culturedin 1% FBS/aMEM prior to inoculation onto type-| collagen
coated dishes for 10 h and then stimulated with or without PAR-|
AP (40 pM) or LPA (10 uM).

Thereafter, cells were fixed with 3.8% formaldehyde for 10 min at
room temperature and permeabilized with 0.1% Triton X-100 in
phosphate buffered saline (PBS). Non-specific binding sites were
blocked with 1% bovine serum albumin (BSA) in PBS. Filamentous
actin (F-actin) was detected by rhodamine phalloidine (Molecular
Probes, Eugene, OR) and focal adhesion complexes were detected
by indirect immunofluorescence by using anti-paxillin Ab
(Transduction Laboratories, Lexington, KY) and FITC-labeled
secondary Ab (Jackson ImmunoResearch, West Grove, PA). Then,
cells were observed by confocal microscopy (LSM410, Carl Zeiss
Jena GmbH, Jena, Germany).
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Cell morphology during movement

Transfected cells were plated onto type-| collagen coated 35 mm
dishes for 10 h in 5% FBS/aMEM at a sparse density, so that cells
did not affect the movement of each other. Cells were cultured
at 37°C in 5% CO,. Next, cells were photographed by
phase-contrast time lapse microscopy in random high-power
(200 x) fields after additional incubation of 2—6 min.

RhoA and Racl activities

Pull-down assay kits (Rho activation assay kit and Cdc42 activation
kit, Upstate Biotechnology, Lake Placid, NY) were used to measure
RhoA, Racl and Cdc42 activities in stable transfectants,
leucinethiol (LT), a specific inhibitor of leucine aminopeptidase,
treated parental cells or siRNA transfected parental cells. The
Cdc42 activation kit includes p2| activated kinase | (PAK-I)
binding domain agarose. PAK-1 binds both Rac| and Cdc42 thus; it
can measure both Racl and Cdc42 activity. Cells were cultured in
1% FBS/aMEM for 24 h and replated in 1% FBS/aMEM on type-|
collagen coated dishes for 10 h. In LT treatment experiments,
parental cells were plated onto type-| collagen coated dishes for
10 hin 1% FBS/aMEM with or without LT. In some experiments,
cells were treated with or without 1% FBS/aMEM containing
PAR-1 AP (40 pM) or LPA (10 M) for 5 min. Cells were extracted
with lysis buffer A (25 mM HEPES pH 7.5, 150 mM NaCl, 1% Igepal
CA-630, 10 mM MgCi,, | mM EDTA, and 10% glycerol). The
pull-down of activated RhoA, Racl, or Cdc42 was performed
according to the manufacturer’s protocol. A protein assay was
performed to equalize the protein amount of each treatment

group.
Western blot analysis

The proteins extracted by lysis buffer A or the samples obtained by
pull-down assay were separated by SDS—polyacrylamide gel
electrophoresis on a 10% gel and then transferred to nitrocellulose
membranes (Iwasaka et al., 1996). The membranes were blocked
for | h at room temperature with Tris-HCl-buffered saline (TBS),
pH 7.4, containing 5% skim milk, and then incubated for | hat room
temperature in TBS containing 0.05% Tween-20 (T-TBS), 1% BSA,
and anti-RhoA Ab (1:1,000) or anti-Racl Ab (1:1,000). The filters
were washed three times with T-TBS and incubated for | h with
horseradish peroxidase-conjugated protein G (Bio-Rad, Hercules,
CA) diluted 1:3,000 in T-TBS. After the filters were washed with
T-TBS three times, signal was detected by an enhanced
chemiluminescence method with the ECL Western blotting
detection kit (Amersham Bioscience). The results were visualized
with LAS-1000 (Fuji Film, Tokyo, Japan).

siRNA transfection

RNA interference of the ERAAP gene (identical to PILSAP) was
described by Serwold et al. (2002). We generated another
siRNA to strengthen the siRNA-mediated knock down of PILSAP.
The coding strands of the two pair of siRNA oligonucleotide
directed to the 5 end of mouse PILSAP messenger RNA

were 5-AGCUAGUAAUGGAGACUCATT-3/,
5'-UGAGUCUCCAUUACUAGCUTT-3' and
5'-CCUCAGCACUCGACUUUCTT-3/,
5'-GAAAGUCAGAGUGCUGAGGTT-3' and scramble

RNAs, the negative control of siRNA, were
5-AAGAUUCGACGAGCUAUAGTT-3,
5-CUAUAGCUCGUCGAAUCUUTT-3' and
5"-UUAGCCCGUCUACGAAUUUTT-3,
5'-AAAUUCGUAGACGGGCUAATT-3". RNA duplexes were
denatured in annealing buffer (100 mM NaCl, 50 mM Tris-HCI
pH 7.5) at 90°C for | min and subsequently annealed at 60°C for
I 'h. MSS31 cells were cultured in 5% FBS/aMEM for 24 h, and then
oligonucleotides were transfected into cells using oligofectamine
according to the manufacturer’s instructions. Twenty-four hours
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after transfection, MSS31 cells were cultured in 5% FBS/aMEM for
24 h. The gene silencing effect was confirmed by a quantitative real
time RT-PCR.

Quantitative real time RT-RCR

Quantitative real time RT-PCR was performed using a Light Cycler
System (Roche Diagnostics) as described previously (Shibuya etal.,
2006). Total RNA isolated from parental MSS 31| cells was
extracted by ISOGEN according to the manufacturer’s
instructions. RNA was reverse transcribed with AMV reverse
transcriptase (Roche Diagnostics) and oligo(dT)12-18 primer
according to the manufacturer’s instructions. PCR conditions
consisted of an initial denaturation step at 95°C for 10 min,
followed by 40 cycles of 15 sec at 95°C, 5 sec at 60°C and

15 sec at 72°C. The primer pairs used were: PILSAP
5-GATGATGGATGGGCTTCTCT-3' (forward primer) and
5-GGCTTTTCTCAGTACTAGAC-3' (reverse primer); mouse
B-actin 5-TCGTGCGTGACATCAAAGAG-3’ (forward primer)
and 5'-TGGACAGTGAGGCCAGGATG-3' (reverse primer).
Each mRNA level was measured as a fluorescent signal corrected
according to the signal for B-actin.

Network formation

The transfected cells were harvested with 0.25% trypsin and | mM
EDTA, resuspended in 5% FBS/aMEM with or without Y27632
(10 M) in a final volume of | ml, replated (2 x 10° cells per dish)
onto 35 mm dishes coated with Matrigel (700 .l per dish), and
incubated at 37°C for 12 h. Cells were observed by phase-contrast

microscopy. The length of network structures was quantified with'

Soft Imaging System Analysis.

Calculations and statistical analysis

The statistical significance of differences in the data was evaluated
by the use of unpaired analysis of variance. P values were calculated

ET AL.

by the unpaired Student t-test. P < 0.05 was accepted as statistically
significant.

Results .
PILSAP is involved in F-actin formation during
cell adhesion

The consensus HEXXH(18X)E motif is defined as a unique
signature for zinc metalloproteinase and glutamate residues are
essential for catalytic activity (Hooper, |1994). We previously
established a plasmid in which glutamate residue 343 is
substituted with an alanine (E343A, namely, HAXXH(I8X)E) in
the aminopeptidase motif of PILSAP, and this mutant PILSAP
acts as a dominant negative molecule (Yamazaki etal., 2004). To
investigate the biological function of PILSAP in ECs, we
transfected MSS3 1 cells with empty vector (Mock), wild-type

" PILSAP (Wt-PILSAP) expressing vector or mutant PILSAP

(Mut-PILSAP) expressing vector, and established the respective
stable transfectants. Cells were routinely cultured on type-1
collagen coated dishes. The most significant change that we
found was cell morphology. As shown in Figure | A, Mut-PILSAP
transfectants showed disk-like morphology and lost cell
polarity in sparse to subconfluent conditions. Because of this
phenotypic change, we examined the actin cytoskeleton
organization. Stress fibers were scarcely formed in Mut-PILSAP
transfectants (Fig. IB). In contrast, formation of membrane
ruffling was increased but in random directions in Mut-PILSAP
transfectants (Fig. 1C).

ECs use at least a typel collagen receptor integrin o231, a
fibronectin receptor a5 |, and vitronectin receptors av33 and
avB5 for angiogenesis (Brooks et al., 1994; Collo and Pepper,
1999). Expression of these integrins was unaltered, and
identical phenotypic changes were observed when
transfectants were plated on fibronectin or vitronectin coated
dishes (data not shown).

A B
F-actin

Mock

Wt

Mut

(x 100)

Paxillin

Merge

~(x 400)

Fig. I.

Invoivement of PILSAP in cell shape change, actin organization and membrane ruffling. A: Transfectants were plated onto type- | collagen

coateddishes and incubated for 8 hin 5% FBS/aMEM. Cell shape was observed by a phase-contrast microscopy (upper part, 40X, lower part, 100X).
B: Transfectants were plated onto type-| collagen coated dishes, and incubated for 8 h in 5% FBS/aMEM, and then stained with rhodamine-
phalloidin (red) and anti-paxillin Ab (green). A scale bar indicates 50 pm. C: Cell morphology during movement was observed by time lapse
microscopy. Typical pictures are shown here. Arrow heads indicate membrane ruffling.
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PILSAP is involved in RhoA activation for
EC morphogenesis

As Rho family small GTPases play a pivotal role in actin
cytoskeleton reorganization, we examined the activities of
RhoA, Raci and Cdc42 in transfectants upon cell adhesion. We
observed that RhoA activity was attenuated, while Racl activity
was augmented in Mut-PILSAP transfectants (Fig. 2A). Cdc42
activity was hardly detected (data not shown). Involvement of
PILSAP in RhoA activation was confirmed by two additiona!
treatments. We previously showed that PILSAP was highly
sensitive to LT, but was insensitive to puromycin (Miyashita
et al., 2002). LT inhibited spreading of MSS31 cells upon
extracellular matrix such as typel collagen, fibronectin and
vitronectin (Akada etal., 2002). Here we examined whether LT
influenced RhoA activity. As shown in Figure 2B, LT inhibited
RhoA activation in parental MSS31 celis when added to the
medium. Moreover PILSAP siRNAs, which knocked down to
16% of the control level of PILSAP mRNA (Fig. 2D), decreased
RhoA activity of parental MSS31 cells (Fig. 2C).

RhoA regulates cell contractility through its downstream Rho
kinase (Alblas et al., 2001). To further confirm the involvement
of RhoA activity in EC morphogenesis, we employed specific
RhoA inhibitor, C3 exoenzyme, or a Rho kinase inhibitor,
Y27632. When parental MSS31 cells were treated with C3
exoenzyme or Y27632, cells exhibited cell-shape changes
identical to that in Mut-PILSAP transfectants (Fig. 3A,B).

ECs form network-like structures when plated on Matrigel.
This network formation was aborted in Mut-PILSAP

transfectants, or by the treatment of Wt-PILSAP transfectants
with Y27632 (Fig. 4). These results indicate that PILSAP is
involved in RhoA activation for proper morphogenesis and
organization of ECs.

PILSAP is involved in RhoA activation via
G-protein coupled receptors

During the maintenance of transfectants in culture, we noticed
that Mut-PILSAP transfectants showed delayed cell shrinkage
upon trypsin/EDTA treatment for cell harvest. We reasoned
this delay of cell shrinkage was due to impaired RhoA activation.
Indeed, when transfectants were pretreated with Y27632, cell
shrinkage upon trypsin/EDTA treatment was inhibited in Mock
or Wt-PILSAP transfectants (data not shown). Trypsin activates
proteinase-activated receptors (PARs). PARs belong to the
G-protein coupled receptors (GPCRs), and ECs express PAR|
and PAR2 (Brass and Molino, 1997). Western blot analysis
revealed that protein levels of PAR| and PAR2 were identical
between the three transfectants (data not shown). It was
previously reported that PARI or PAR2 agonist induced RhoA
activation in HUVEC (Vouret-Craviari et al., 2003). Here we
used the PARI AP to induce RhoA activity in our system. There
was no significant difference in the basal level of RhoA activity
between transfectants. However when transfectants were
treated with the PARI AP, RhoA activation was almost
completely abolished in Mut-PILSAP transfectants (Fig. SA).
Moreover, with respect to actin reorganization, PAR| AP
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Fig. 2.

Involvement of PILSAP in RhoA activation. A: Transfectants wereincubatedon type-| collagen for 10 hin | % FBS/aMEM. Then, RhoA and

Racl activities were determined. B: Parental MS$S31 cells were incubated on type-| collagen for 10 hin 1% FBS/aMEM with or without LT (10 pmol/
L). Next, RhoA and Rac| activities were determined. GTP-RhoA or GTP-Rac! was quantified by density and normalized to that of total RhoA or
total Racl. The values are expressed as the mean + SD from three independent experiments; *P < 0.05, **P < 0.01. C: Parental MSS31 cells were
transfected with PILSAP siRNA and incubated in 1% FBS/aMEM for 24 h. Then, transfectants were plated onto type-| collagen coated dishes and
incubated for 10 h. Next, RhoA and Rac! activities were determined. The values are expressed as the mean + SD from two independent

experiments; “P < 0.05. D: The genessilencing effect of PILSAP siRNA was confirmed by quantitative real time RT-PCR. The values are expressed as

the mean =+ SD from three samples; **P<0.01.
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Fig. 3. Effects of RhoA and Rho kinase inhibitors on cellmorphology. A: Parental MSS31 cells were plated onto type-1| collagen coated dishes and
incubated for | hin 5% FBS/a«MEM. Next, cells were treated with or without C3 exoenzyme precomplexed with FUGENE 6 Reagent for additional
7 h. Cells were then stained with rhodamine-phalloidin (red) and anti-paxillin Ab (green). B: Parental MSS3 | cells were plated onto type- 1 collagen
coated dishes and incubated for 8 h in 5% FBS/aMEM. Next, cells were treated with or without Y27632 (10 umol/L) for 30 min. Cells were then
stained with rhodamine-phalloidin (red) and anti-paxillin Ab (green).
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Fig. 4. Role of Rho kinase in alteration of network formation mediated by PILSAP. Transfectants were plated onto Matrigel and incubatedin 5%
FBS/aMEM for 12 h. In some experiments, cells were incubated in the presence of Y27632 (10 pmol/L). The total length of network structures per
field (X 40 magnification) was quantified with Soft Imaging System Analysis. The values are expressed as the mean * SD of four fields; **P<0.01.
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Mock Wit Mut
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Fig. 5. Involvement of PILSAP in RhoA activation upon stimulation through PARs. A: Transfectants were incubated on type- | collagenfor I0hin
1% FBS/aMEM, and then treated with or without PAR-1 AP (AP) (40 pmol/L) for § min. Next, RhoA activity was determined. GTP-RhoA was
quantified by density and normalized to that of total RhoA. The values are expressed as the mean * SD from four independent experiments;
*P <0.05.B: Transfectants wereincubated on type-| collagenfor 10 hin 1 % FBS/aMEM, and then treated with or without PAR- | AP (AP) (40 umol/L)
for 5 min. Subsequently, they were fixed and stained with rhodamine-phalloidine. A scale bar indicates 50 um.

induced stress fiber formation in Mock or Wt-PILSAP Mut-PILSAP transfectants (Fig. 6A). Stress fiber formation was
transfectants but not in Mut-PILSAP transfectants (Fig. 5B). not induced by LPA in Mut-PILSAP transfectants (Fig. 6B).
LPA binds to the LPA receptor and activates RhoA for F-actin Moreover, LT or PILSAP siRNA inhibited LPA-stimulated
formation in ECs (Panetti, 2002). When transfectants were activation of RhoA in parental MSS31 cells (Fig. 7A,B). These
treated with LPA, RhoA activation was significantly lower in results indicate that the involvement of PILSAP in RhoA
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Fig. 6. involvement of PILSAP in RhoA activationupon LPA stimulation. A: Transfectants were incubated on type-| collagen for 10 hin 1% FBS/
aMEM, and then treated with or without LPA (10 pmol/L) for 5 min. Next, RhoA activity was determined. GTP-RhoA was quantified by density and
normalized to that of total RhoA. The values are expressed as the mean * SD from four independent experiments; *P < 0.05. B: Transfectants were
incubated on type-1 collagenfor 10 hin 1% FBS/aMEM, and then treated with or without LPA (10 umol/L) for 5 min. Subsequently, they were fixed
and stained with rhodamine-phalloidine. A scale bar indicates 50 pm.
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Fig. 7. Effect of PILSAP inhibition or knockdown on RhoA activation upon LPA stimulation. A: Parental MSS31 cells were incubated on type-|

collagen for 10 hin 1% FBS/aMEM with or without LT (10 pmol/L). Next, cells were treated with or wnthout LPA (10 pmol/L) for 5 min, and RhoA
activity was determined. The values are expressed as the mean * SD from three independent experiments; *P <0.05. B: Parental MSS3 | cells were
transfected with PILSAP siRNA and cells were incubated in 1 %FBS/aMEM for 24 h. Then, transfected cells were plated onto type- | collagen coated
dishes and incubated for 10 h. Next, cells were treated with or without LPA (10 pmol/L) for 5§ min, and RhoA activity was determined. GTP-RhoA
was quantified by the density and normalized to that of total RhoA. The valuesare expressed asthe mean + SD from twoindependent experiments;

*P<0.05.

activation is not specific during cell adhesion but rather a
general component.

Discussion

The present study reveals for the first time that PILSAP takes
part in the regulation of RhoA activation in ECs. We have
previously reported that PILSAP is involved in S6K activation by
catalyzing its upstream partner PDK1 (Yamazaki et al., 2004).
Thus, RhoA is noted as another target of PILSAP among the
intracellular signaling pathways.

Amid three representative Rho family small GTPases, Rac and
cdc42 stimulate protrusion formation at the leading edge and
cause membrane ruffle formation, a remodeling of cortical actin
(Lauffenburger and Horwitz, 1996; Doughman et al., 2003),
whereas RhoA stimulates F-actin formation for contraction of
the cell body and the trailing edge. Cdc42 regulates cell
migration direction (Raftopoulou and Hall, 2004). The
phenotype of Mut-PILSAP transfectants with defective
activation of RhoA was quite logical, as they showed aborted
F-actin formation and cell polarity.

The importance of RhoA for EC organization during
angiogenesis has been documented by Hoang et al. (2004). In
that report, constitutive active RhoA stimulated ECs to form
vessels with functional lumens while dominant negative RhoA
impaired assembly of ECs for neovessel formation. Consistent
with that report, network formation by mouse endothelial
MSS31 cells on Matrigel was prevented by Mut-PILSAP
transfection as well as in the presence of Rho kinase inhibitor
(¥Y27632).

Rho family small GTPases are activated by various extracellular
signals through transmembrane proteins including integrins and
GPCRs (Karnoub et al., 2004). Among various integrins, 31
integrins support the activation of RhoA, which is associated
with a random mode of cell migration (Danen et al., 2005).
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GPCRs exhibit a common structural motif consisting of seven
membrane-spanning regions (Dohiman et al., 1987), and can be
activated by a diverse array of external stimuli, including
vasoactive polypeptides, chemoattractants, neurotransmitters,
hormones, phospholipids, odorants, and taste ligands
(Fukuhara et al., 2001). In general, agonists provoke rapid
conformational changes in transmembrane « helices, resulting
in exposure of previously masked G protein binding sites in
intracellular loops (Altenbach etal., 1996; Bourne, 1997; Wess,
1997). This causes the exchange of GDP for GTP bound to G
protein a-subunits or By-complexes, and then the initiation of
the intracellular signaling response by acting on a variety of
effecters. In our study, PILSAP-dependent RhoA activation in
ECs is shown not only during cell adhesion but also upon
stimulation of PARs or LPA receptor. Thus, PILSAP is rather a
general player for RhoA activation in ECs.

Rho family small GTPases act as molecular switches by cycling
between GTP- and GDP-bound states. The GTP/GDP cycle is
tightly regulated by 3 distinct families of proteins; guanine
nucleotide exchange factors (GEFs), GTPase-activating
proteins (GAPs) and the guanine nucleotide dissociation
inhibitors (GDIs) (Symons and Settleman, 2000). Among them,
GEFs activate GTPases by catalyzing the exchange of GDP for
GTP, thereby increasing the levels of GTP-bound forms
(Donovan et al., 2002; Schmidt and Hall, 2002). More than
70 GEFs have been isolated for Rho family small GTPases
(RhoGEFs; Rossman et al., 2005). Whereas many RhoGEFs are
highly promiscuous and activate plural Rho family small
GTPases, some show activity restricted to a single GTPase
(Karnoub etal., 2004). p1 15-RhoGEF is regarded as a prototype
of such RhoA specific GEFs (Hart et al., 1996; Holinstat et al.,
2003). Since the requirement of PILSAP was selective to RhoA
activation, we employed p!15-RhoGEF as a model in our
system. Whereas expression of pl 15-RhoGEF of the mRNA
and protein levels were equivalent among Mock, Wt-PILSAP
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and Mut-PILSAP transfectants, the GDP/GTP exchanging
activity of p1 15-RhoGEF was significantly lower in Mut-PILSAP
transfectants (data not shown).

PARs constitute a subclass of GPCRs that convert extracellular
serine protease activity to intracellular signaling events.
Proteolysis of PARs results in the cleavage of specific sites in the
extracellular domain and formation of a new N-terminus that
functions as a tethered ligand. Four types (PAR1, PAR2, PAR3,
and PAR4) of this receptor class have been identified in
mammals. PARI, 3 and 4 are activated essentialty by thrombin,
whereas PAR2 can be activated by trypsin (Cottrell etal., 2002).
ECs express at least PAR| and PAR2 (Brass and Molino, 1997).
RhoA-GTP was robustly activated by PARI stimulation, but
only weakly by PAR2 stimulation by receptor-selective
concentration of agonist peptides, and activity of RhoA-GTP
and myosin light chain phosphorylation is required for

PAR |-mediated monolayer permeability (Klarenbach et al.,
2003). Moreover, recent studies have revealed that PARs are
involved in vascular development and other biological
processes including vascular remodeling (Barnes et al., 2004).
The LPA receptor belongs to the endothelial differentiation
gene (EDG), also known as the sphingosine |-phosphate (SIP)
receptor family of GPCRs. S|P has the potential to act through
endothelial EDGI, EDG3 and probably EDGS, whereas LPA is
limited to EDG2 and/or EDG4 (Panetti, 2002). LPA and SIP are
important regulators of the vascular system, including
angiogenesis and vascular permeability (Panetti, 2002). Thus,
the involvement of PILSAP in downstream signaling of PARs and
LPA receptor indicate that PILSAP should function in the broad
range of vascular pathophysiology.

In summary, the present study reveals for the first time that
PILSAP takes part in the regulation of RhoA activation in ECs.
This data should provide clues to devise a novel strategy for the
regulation of EC function during various processes including
angiogenesis.
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The Vasohibin Family

A Negative Regulatory System of Angiogenesis Genetically Programmed
in Endothelial Cells

Yasufumi Sato, Hikaru Sonoda

Abstract—Biological phenomena are under the precise control by the genome. For the regulation of angiogenesis,
proangiogenic genes such as VEGFs and angiopoietins are highly conserved, act specifically on endothelial cells, and
play a fundamental role. In this sense, nature should prepare specific antiangiogenic genes as well. However, this
counterpart of genomic regulation of angiogenesis remains to be established. We recently isolated a novel
endothelium-derived angiogenesis inhibitor and named it vasohibin. Vasohibin is dominantly expressed in endothelial
cells, induced by the stimulation with VEGF or FGF-2, and selectively affects on endothelial cells and inhibits
angiogenesis. Although the mechanism of how vasohibin inhibits angiogenesis remains to be elucidated, our discovery
of vasohibin as an endothelium-derived VEGF-inducible angiogenesis inhibitor should shed light on the genomic basis
of the negative regulation of angiogenesis. (Arterioscler Thromb Vasc Biol. 2007;27:37-41.)

Key Words: endothelial cell m angiogenesis inhibitor m VEGF m negative feedback

lood vessels are one of the most quiescent tissues in the

body, but have the capacity to form neovessels under
certain conditions. Angiogenesis, ie, the formation of neoves-
sels from existing ones, is a key event in various processes
that takes place under physiological and pathologic condi-
tions. Physiological conditions include embryonic develop-
ment, reproduction, and wound healing; whereas pathologic
conditions include cancers, proliferative retinopathy, and
rheumatoid arthritis. Angiogenesis consist of multiple se-
quential steps: detachment of mural pericytes for vascular
destabilization, extracellular matrix degradation by endothe-
lial proteases, migration of ECs, proliferation of ECs, tube
formation by ECs, and reattachment of pericytes for vascular
stabilization.!

The local balance between angiogenesis stimulators and
inhibitors regulates angiogenesis. Understanding of the mech-
anism of angiogenesis regulation has advanced significantly
since the discovery of endothelium-specific proangiogenic
factors, namely vascular endothelial growth factor (VEGF)
and angiopoietins (Ang) family proteins. VEGFs bind to
specific VEGF receptors (VEGFRs), while Angs bind to a
tyrosine kinase receptor having Ig and EGF homology do-
mains (TIE) receptor expressed exclusively in the endotheli-
um. Among the VEGF family members, VEGF-A is the most
important factor for angiogenesis, stimulating protease syn-
thesis, migration, and proliferation of endothelial cells (ECs),
and most of the VEGF-A-mediated signals are transduced via
VEGFR-2.2 TIE-2-mediated signals determine vascular mat-

uration by the pericyte attachment. Amid Ang family mem-
bers (Ang 1-4), Ang-1 and Ang-3/4 are agonistic ligands,
whereas Ang-2 is a very weak ligand and acts as an antagonist
of TIE-2 receptor. Ang3 (mouse) and Ang4 (human) are
interspecies orthologs.*

Various molecules are listed as angiogenesis inhibitors.’
Most of them, such as pigment epithelium derived factor
(PEDF), platelet factor 4, angiostatin, and endostatin, are
extrinsic to ECs. In addition, ECs themselves have the
capacity to express some angiogenesis inhibitors, eg, soluble
VEGFR-1 (sVEGFR-1), vascular endothelial growth inhibi-
tor (VEGI), Down syndrome critical region gene 1 (DSCR1),
and vasohibin.

The VEGFR-1 gene encodes for both the full-length
receptor and a soluble form. sSVEGFR-1 carries 6 Ig-like
domains as well as a 31-amino-acid stretch derived from
intron 13.¢ SVEGFR-1 can be distinguished from the other
angiogenesis inhibitors because of its specific activity. It is
able to bind specifically VEGF-A as well as VEGF-B and
PIGF with high affinities, and functions as a decoy receptor
by sequestering them. sVEGFRI1 cannot inhibit angiogenesis
stimulated by other angiogenic factors such as fibroblast
growth factor 2 (FGF-2) or hepatocyte growth factor (HGF)
because of its binding specificity. The regulation of the
expression of SVEGFR-1 is yet to be characterized.

VEGI is a novel member of the tumor necrosis factor
(INF) family identified from the human umbilical vein
endothelial cell (HUVECs) cDNA library.” VEGI is a type 11
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transmembrane protein composed of 174 amino acid residues.
Unlike other members of the TNF family, VEGI is expressed
predominantly in ECs,” but importantly, the effect of VEGI is
not selective to ECs, and inhibits proliferation of various
caner cells as well.® The expression of VEGI is regulated
mainly by transcription factor NF-«B in parallel with other
inflammatory cytokines.?

DSCRI1 and vasohibin are VEGF-inducible molecules in
ECs.10 DSCR1 is a cytoplasmic protein and is shown to act as
an endogenous calcineurin inhibitor,!! and because of this
property, DSCR1 is thought to inhibit angiogenesis.!? Indeed,
overexpression of DSCRI in ECs inhibited angiogenesis.!?
However, our analysis revealed that specific knockdown of
DSCRI1 in ECs inhibited angiogenesis.!* Moreover, our
subsequent analysis showed that DSCR1 bind not calcineurin
but also Raf-1.!5 Thus, the role of DSCR1 in angiogenesis
may not be simple.

Vasohibin and its homologue vasohibin-2 are the most
recently identified angiogenesis inhibitors.!617 This review
will focus on the vasohibin family, a negative regulatory
system of angiogenesis genetically programmed in endothe-
lial cells.

Vasohibin

Isolation

DNA microarray analysis was used to identify VEGF-
inducible genes in ECs.!® Among 7267 human sequences, 97
were induced more than 2-fold by VEGF stimulation in
HUVEC: at the 24 hour time point. Of these 97 sequences, 11
were uncharacterized in terms of their biological function,
and we could isolate | of thesell genes that had antiangio-
genic activity, and named it vasohibin.’® Human vasohibin
protein is composed of 365 amino acid residues, without any
detectable glycosilation. A cluster of basic amino acids was
present in the C-terminal region, but neither a classical
secretion signal sequence nor any other functional motif was
found among these amino acid sequences by the database
search. The lack of classical signal sequence suggests that
vasohibin is an unconventional secretory protein.

Initially the antiangiogenic activity of vasohibin was
shown using the in vitro Matrigel assay.’® Recombinant
vasohibin protein inhibited the spontaneously formed
network-like structures of HUVECs when plated on Matrigel.
The antiangiogenic activity of vasohibin was then further
determined by 3 independent in vivo assays When matrigel
mixed with VEGF with or without vasohibin protein was
inoculated subcutaneously to mice, vaschibin inhibited the
VEGF-stimulated angiogenesis. However, vasohibin did not
inhibit phosphorylation of VEGFRs in HUVECs.!s More-
over, the “Miles assay” revealed that vasohibin exhibited no
inhibitory effect on VEGF-stimulated acute vascular perme-
ability (unpublished observation, 2005). Indicating that vaso-
hibin is not merely an antagonist of VEGF.

When vasohibin was applied to pellets containing fibro-
blast growth factor (FGF)-2 in a mouse corneal micropocket
assay, vasohibin inhibited FGF-2-stimulated angiogenesis.!s
Introduction of the vasohibin gene into a replication-defective
adenovirus vector, and applied it to chicken chorioallantoic
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membrane (CAM) assay, the adenovirus vector encoding
vasohibin abrogated the vessel formation whereas the control
adenovirus vector encoding B-galactosidase (AdLacZ) did
not.'¢ All these data implicate that the antiangiogenic effect of
vasohibin is not restricted to VEGF-stimulated angiogenesis.
The mechanism as to how vasohibin inhibits angiogenesis
remains to be elucidated.

Expression Profile
The expression profile of vasohibin was examined in both in
vitro and in vivo. In vitro, vasohibin was predominantly
expressed in ECs. The expression in ECs was induced not
only by VEGF but also by FGF-2. However, human aortic
smooth muscle cells (HASMCs) expressed vasohibin weakly,
and platelet derived growth factor (PDGF) modestly in-
creased its expression. In addition, fibroblasts did express
very low levels of vasohibin, but was unresponsive to the
FGF-2 stimulation. Vasohibin expression was not observed in
keratinocytes under either basal or EGF-stimulated
conditions.'s

Inflammation often associates pathological angiogenesis.
Our analysis revealed that inflammatory cytokines such as
TNFa, interleukin (IL)-1p, and interferon (IFN)y reduced the
VEGF-induced expression of vasohibin in ECs.1618 The
effect of IL-18 was comparable to that of TNFa, whereas the
effect of IFNy was less pronounced. Hypoxia is known to act
as a trigger of both physiological and pathological angiogen-
esis by inducing VEGF. Hypoxia did not affect the basal
expression of vasohibin in ECs. However, hypoxia did inhibit
the VEGF-stimulated vasohibin mRNA expression, as well as
vasohibin protein synthesis in ECs.16

Northern blot analysis of the samples from various tissues
revealed that vasohibin was expressed in the brain, and to a
lesser extent, in the heart and kidney in the adult.!s Moreover,
a robust expression of vasohibin was demonstrated in the
placenta and various developing organs of the human em-
bryo.! Furthermore, immunohistochemical analysis revealed
that vasohibin was present only in ECs of the human placenta
and developing organs in embryo.!5'7 Thus vasohibin is .
thought to be a molecule selectively expressed in ECs during
angiogenesis.

Signals for the Induction of Vasohibin in ECs

The intracellular signaling for the induction of vasohibin in
HUVECs by VEGF was characterized using blocking anti-
VEGFRs mAbs to test which receptor was involved in the
induction of vasohibin.!® Anti—-VEGFR-2 antibodies but not
anti-VEGFR-1 antibodies inhibited the VEGF-stimulated
induction of vasohibin. The downstream intracellular signal-
ing pathways of VEGFR-2 for the induction of vasohibin
were further investigated. GF109203X, a broad-spectrum
inhibitor of protein kinase C (PKC), strongly inhibited the
increase of vasohibin mRNA and protein in response to
VEGF, which was in line with the observation that Phorbol
12-myristate 13-acetate (PMA), an activator of PKC, en-
hanced the expression of vasohibin in HUVECs. Selective
PKC isoform inhibitors were used to clarify which PKC
isoforms were involved in the upregulation of vasohibin. -
Rottlerin, a specific inhibitor of PKC8, completely blocked
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the upregulation of vasohibin, whereas G66976, a specific
inhibitor of PKCea, and HBDDE, an inhibitor of PKCa and
PKCy, partially inhibited it. Hispidin, a specific inhibitor of
PKCB, did not affect the upregulation of vasohibin.!® From
these results it is concluded that PKCS transduced a principal
signal for the upregulation of vasohibin through VEGF.
FGF-2 increased the expression of vasohibin in ECs to a level
comparable to that obtained with VEGF, and rottlerin again
completely blocked FGF-2—stimulated upregulation of vaso-
hibin.'8 Accordingly, the principal signaling pathways for the
induction of vasohibin by 2 representative angiogenic growth
factors considerably overlap. PKC-6 is known to be a
transducer of antiangiogenic signals in ECs.!® Thus, vaso-
hibin can be a downstream effecter of PKC-8 in ECs for
angiogenesis inhibition.

Actinnomycin D treatment did not change the decay of
VEGF-induced vaschibin mRNA.!® Thus, the increase of
vasohibin mRNA by VEGF is not determined by mRNA
stability. However, when cycloheximide was added, the
expression of vasohibin mRNA was completely abolished in
both basal and VEGF-stimulated condition.!8 Thus, de novo
protein synthesis is indispensable for the induction of vaso-
hibin mRNA.

Posttranslational Processing, Secretion, and
Biological Activity

To understand the posttranslational modification of vasohibin
protein, vasohibin cDNA was overexpressed in ECs.2 The
‘calculated vasohibin protein is 44 kDa. When the retroviral
vector encoding human vasohibin cDNA was transfected to
the HUVEC-derived HUV-SV8 cells, 2 major (42, 36 kDa)
bands and 2 minor (32, 27 kDa) bands were detected in their
cellular extract, whereas 42 kDa product was detected in the
conditioned medium. Because the 44 kDa complete from was
not seen, amino terminal region is thought to be processed
simultaneously or immediately after the translation. To char-
acterize the structures of these multiple forms of vasohibin
proteins, various vasohibin cDNA mutants were generated to
substitute some basic amino acids. This analysis revealed that
there were 2 cleaving sites in the amino terminal region;
arginine 29 and arginine 76. The 42 kDa form is generated by
the cleavage at arginine 29, whereas the 36 kDa form is
generated by the cleavage at arginine 76. Because only 42
kDa vasohibin was shown in the conditioned medium, the
domain from arginine 29 to arginine 76 is thought to be

~f3 ¢ 44xDa (undetectable)

42 kDa (secretory active form)

36 kDa (non-secretory active form) J

2L | 32 kDa (non-secretory)

27 kDa (non-secretory inactive form)
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Figure 1. Posttranslational processing,
secretion, and biological activity of
vasohibin-1. Forty-four—kDa full-length
vasohibin-1 cannot be detected. Four
different forms of vasohibin-1 are gener-
ated after the translation. Forty-two—kDa
vasohibin-1 is the major secretory form
with antiangiogenic activity. N terminus
region is important for secretion,
whereas C terminus region is important
for antiangiogenesis. The antiangiogenic
activity of 32-kDa form is not
determined.

Major forms

Minor forms

important for the secretion. The mechanism of its secretion is
not known at present. Cleaving sites in the carboxyl terminal
region are not determined yet. However, because the calcu-
lated molecular weight of the vasohibin protein from methi-
onine 77 to carboxyl terminal end is 33 kDa, the carboxyl
terminal of the 32 kDa form should be very close to the end.
From the calculation of the molecular weight, the 27 kDa
form may lack about 47 amino acids from the carboxyl
terminal, and this lacked region contains the cluster of basic
amino acids (Figure 1).

To determine the biological function of these processed
forms of vasohibin, mouse corneal miropocket assay was
used to check for antiangiogenic activities using purified
recombinant proteins for Vh(77-365) and Vh(77-318).20
Vh(77-3635) inhibited FGF-2—-induced angiogenesis, suggest-
ing that truncation of the 76 amino terminal residues does not
influence antiangiogenic activity of vasohibin. On the other
hand, Vh(77-318) could not exert antiangiogenic activity,
suggesting that the carboxyl terminal is essential for antian-
giogenic activity (Figure 1).

Application to Antiangiogenic Therapy

Because vasohibin is identified as a novel angiogenesis
inhibitor, one may anticipate the application of vasohibin to
antiangiogenic therapy. We have examined the effect of
vasohibin on 3 different states of pathological angiogenesis:
tumor angiogenesis, arterial adventitial angiogenesis, and
retinal angiogenesis.

For tumor angiogenesis, we transfected human vasohibin
c¢DNA into Lewis lung carcinoma (LLC) cells, establishing
two permanent human vasohibin-producing clones.!¢ Vaso-
hibin ¢cDNA transfection did not alter the proliferation of
LLC cells in vitro. To show the effect of vasohibin produced
by LLC cells on ECs, mock or vasohibin-transfected LLC
cells were plated on the lower compartment of modified
Boyden chambers, and the migration of HUVECs toward
LLC cells was analyzed. The number of migrated HUVECs
was significantly reduced when vasohibin-transfected LLC
cells were plated on the lower chamber. Then LLC cells were
inoculated intradermally in mice, and the growth of tumor
was observed. The growth of vasohibin producing LLC cells
in mice was significantly retarded, and immunohistological
analysis of CD31 revealed that tumors of mock-transfectants
contained large luminal vessels whereas those of vasohibin

!
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producing LLC cells contained very small ones, even when
the size of tumors did not differ dramatically.!¢

It has been documented that the extent of adventitial
angiogenesis from vasa vasora correlates with atherosclero-
sis.2! Arterial neointimal formation was investigated using the
mouse cuff model.?? In this model, cuff placement around the
femoral artery does not denudate luminal endothelium, but
induces adventitial angiogenesis, and that causes neointimal
formation. To apply vasohibin protein to mice, we injected
replication-defective adenovirus vectors encoding human va-
sohibin gene (AdVh) to mice via the tail vein. In this way,
vasohibin was synthesized in the liver, secreted in the plasma,
and was able to exhibit antiangiogenic activity in the remote
sites after the delivery through systemic circulation.22 We
observed that adventitial angiogenesis and neointimal forma-
tion were significantly inhibited in AdVh-injected mice in
this model. Thus, vasohibin is thought to play a preventive
role in angiogenesis-dependent neointimal formation.

Retinal angiogenesis is the major cause of acquired blind-
ness.?* The mouse model of retinopathy of premature (ROP)
is a useful model to study the hypoxia-induced regulation of
VEGF expression.?¢ In this model, placement of neonatal
mice into a high oxygen environment results in decreased
expression of VEGF and regression of newly developed
retinal blood vessels. When mice are returned to room air, the
poorly vascularized retina becomes hypoxic and VEGF is
induced, which causes retinal angiogenesis. Interestingly, when
endogenous vasohibin expression in the retinal vessels was
knocked down by siRNA, retinal angiogenesis was augment-
ed.?s This result indicates that endogenous vasohibin plays a role
in the inhibition of angiogenesis. However, it is assumed that the
extent of endogenous vasohibin expression is not enough to
control retinal angiogenesis. To determine the effect of exoge-
nous vasohibin, we used AdVh or recombinant vasohibin
protein. Intraocular injection of recombinant vasohibin or AdVh
strongly suppressed retinal angiogenesis.2

A Homologue of Vasohibin and Splicing Variants
By the search of DNA sequences in the database, a homologous
gene was found. This gene was named vasohibin-2, and the
prototype vasohibin as renamed vasohibin-1.17 Human
vasohibin-2 is composed of 355 amino acid residues, and also
exhibits antiangiogenic activity. The overall homology between
human vasohibin-1 and vasohibin-2 is 52.5% at the amino acid
level. The genes for human vasohibin-1 and vasohibin-2 are
located on chromosome 14q24.3 and 1q32.3, respectively.

So far 8 exons for the vasohibin-1 gene and 11 exons for
the vasohibin-2 gene have been shown in Ensembl human
genome database to form multiple transcripts for these
paralogous genes owing to alternative splicing (Figure 2).
Prototype full-length vasohibin-1 is composed with 5589 bp
consisting of 8 exons, and will receive posttranslational
processing as described previously. In addition, two splicing
variants of 522 bp and 1459 bp have been registered in the
database. Although open reading frames encoding 42 and 204
amino acids, respectively, exists in these transcripts and the
expression of all three splicing variants are confirmed by
real-time polymerase chain reaction using unique primers
(unpublished observation, 2006), the biological significance
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Figure 2. Schematic representation of human vasohibin-1 and
-2 genomic structures and splicing patterns. Exons of human
vasohibin-1 and vasohibin-2 genes are numbered in their orders
on the chromosomes. Length of each transcript (bp) and
polypeptides encoded in each transcript (aa) are shown in the
right side of each splicing pattern.

of the 2 shorter variants have not been clarified yet. No
alternative splicing for the mouse vasohibin-1 gene has been
reported.

We have recently described the existence of 3 splicing
variants for human vasohibin-2 transcripts, which encode
polypeptides of 290, 311, and 355 amino acids.!” Eight exons
are joined to generate the variant of 355 amino acids, and this
isoform is predominantly expressed in HUVECs. The isoform
consisting of 290 amino acids has been confirmed to have
antiangiogenic activity. In addition to those 8 exons, 3
additional exons are now found in Ensembl database gener-
ating 3 small different splicing variants encoding polypep-
tides of 104, 117, and 156 amino acids. The biological
significance of these shorter variants have not been clarified

yet. In the mouse genome, vasohibin-1 gene is located at

12D2 spanning 13.39 kb and consisting of 7 exons. Mouse
vasohibin-2 gene is located at chromosome 1H6 spanning
31.48 kb and single splicing pattern with 8 exons is reported
in Ensembl database.

Whereas the expression of vasohibin-2 was compared with
that of vasohibin- 1, vasohibin-2 expression in cultured endo-
thelial cells was low and not inducible by the stimulation that
induced vasohibin-1. However, the expression pattern of
vasohibin-2 in vivo resembled to that of vasohibin-1.17
Immunohistochemical analysis revealed that vasohibin-1 and
vasohibin-2 were diffusely expressed in ECs in embryonic
organs during midgestation. After that time point,
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Figure 3. The role of vasohibin family in the regulation of angio-
genesis. Vasohibin-1 and vasohibin-2 form a novel family of
angiogenesis inhibitors genetically programmed in ECs.
Vasohibin-1 is induced in ECs by VEGF and FGF-2. Hypoxia
and inflammatory cytokines, which induce VEGF, may abort the
expression of vasohibin-1 in ECs. The mechanism for the regu-
lation of vasohibin-2 expression is not known.

vasohibin-1 and vasohibin-2 became faint, but persisted to a
certain extent in arterial ECs from late-gestation to neonate.
Interestingly, expression of vasohibin-1 and vasohibin-2
could be augmented in vivo by the local expression with the
VEGF gene in the embryonic brain, or by cutaneous wound-
ing in adult mice.!”

Concluding Remarks

A summary of the vasohibin family is shown in Figure 3.
Negative feedback regulation is one of the most important
physiological mechanisms, and has been demonstrated to
control a wide range of phenomena. However, very few
endothelium-derived negative feedback regulators have been
established for the regulation of angiogenesis. Vasohibin-1 is
the first secretory antiangiogenic factor induced by VEGF in
ECs. We would like to propose that vasohibin-1 has the
property of negative feedback regulator of angiogenesis. Thus
far Vasohibin-2 is a sole homologue of vasohibin-1, which
exhibits antiangiogenic activity as well. Although vasohibin-2
lacks the property of VEGF or FGF-2 inducibility in vitro, its
expression pattern is resemble to that of vasohibin-1. Thus,
vasohibin-1 and vasohibin-2 form a novel family of angiogen-
esis inhibitors genetically programmed in ECs. The discovery of
vasohibin family should shed light on the novel genomic basis of
the negative regulation of angiogenesis.
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Blood vessels change their caliber to adapt to the demands
of tissues or organs for oxygen and nutrients. This event is
mainly organized at the capillary level and requires a size-
sensing mechanism. However, the molecular regulatory
mechanism involved in caliber size modification in blood
vessels is not clear. Here we show that apelin, a protein
secreted from endothelial cells under the activation of Tie2
receptor tyrosine kinase on endothelial cells, plays a role
in the regulation of caliber size of blood vessel through its
cognate receptor APJ, which is expressed on endothelial
cells. During early embryogenesis, APJ is expressed on
endothelial cells of the new blood vessels sprouted from
the dorsal aorta, but not on pre-existing endothelial cells
of the dorsal aorta. Apelin-deficient mice showed narrow
blood vessels in intersomitic vessels during embryo-
genesis. Apelin enhanced endothelial cell proliferation in
the presence of vascular endothelial growth factor and
promoted cell-to-cell aggregation. These results indicated
that the apelin/APJ system is involved in the regulation of
blood vessel diameter during angiogenesis.
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Introduction

The vascular system of vertebrates has a highly organized
and hierarchical structure, ranging from large blood vessels
down to finely sized capillaries. The intraluminal cavity of
blood vessels is lined almost exclusively with endothelial
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cells (ECs). The formation of blood vessels is initiated by
the assembly and tube formation of ECs, or EC progenitors.
This process is termed vasculogenesis and is followed by
angiogenesis, which results in the emergence of new vessels
through sprouting and elongation from, or the remodelling
of, pre-existing vessels (Risau, 1997).

Many genes involved in these processes have been iso-
lated and their roles in the specification of vascular lineage
from mesodermal cells and vascular morphogenesis have
been analysed (Wang et al, 1998; Adams et al, 1999; Gale
and Yancopoulos, 1999; Oettgen, 2001; Zhong et al, 2001;
Carmeliet, 2003; Gerhardt and Betsholtz, 2003; Simon, 2004).
Among many molecules, vascular endothelial growth factors
(VEGFs) and their cognate receptors (VEGFRs) play central
roles in the differentiation (arterial), proliferation, migration
and survival of ECs in physiological and pathological condi-
tions (Ferrara et al, 2003). Based on the diverse functions of
VEGFs in blood vessel formation, the VEGF/VEGFR system
has proved effective in the clinical management of cancer
patients by negatively regulating angiogenesis (Ferrara and
Alitalo, 1999; Jain, 2005). Therefore, these results indicate
the importance of developmental studies for understanding
blood vessel formation.

In the maturation process involved in blood vessel forma-
tion, the ECs, which form the tube, recruit supporting mural
cells (MCs) such as periendothelial cells (pericytes) or vascular
smooth muscle cells, by releasing platelet-derived growth factor
(PDGF)-BB (Lindahl et al, 1997). MCs subsequently adhere to
ECs resulting in the formation of a structurally stable blood
vessel. It has been proposed that this cell adhesion between
ECs and MCs is induced when angiopoietin 1 (Angl}, produced
from MCs, stimulates Tie2, a receptor tyrosine kinase on ECs
(Dumont et al, 1994; Sato et al, 1995; Suri et al, 1996).

During angiogenesis, blood vessels need to be able to
adjust their caliber, in order to allow them to respond
adequately to the changes in demand for oxygen and nutri-
ents made by the organs and tissues. This caliber adjustment
is involved in the maturation process during angiogenesis;
however, the molecular mechanism involved in the determi-
nation of blood vessel size has not been elucidated. A potent
regulator of the enlargement of blood vessel caliber is the
Angl/Tie2 system, because transgenic overexpression of
Angl in the keratinocyte-induced enlarged blood vessels in
the dermis (Suri et al, 1998) and administration of a potent
Angl variant were also reported to induce enlargement of
blood vessels (Cho ‘et al, 2005; Thurston et al, 2005). There-
fore, the analysis of the precise molecular mechanism of how
the Angl/Tie2 system induces enlargement of blood vessels
would allow us to understand the process of determination of
blood vessel size during angiogenesis.

In this report, by the analysis of downstream signalling of
Angl/Tie2 in ECs, we found that apelin, a recently isolated
bioactive peptide from bovine gastric extract working as a
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ligand for APJ, is upregulated by Angl stimulation of human
umbilical vein endothelial cells (HUVECs). A sequence of
apelin cDNA encodes a protein of 77 amino acids, which can
generate two active polypeptides: the long (42-77) and the
short (65-77) forms of apelin (Tatemoto et al, 1998; Kawamata
et al, 2001; Masri et al, 2005). Both forms activate APJ.

APJ is a G protein-coupled receptor, which has been reported
to be expressed in the cardiovascular and central nervous
systems (O’Dowd et al, 1993; Devic et al, 1999). In brain tissues,
APJ expression is observed in neurons (Edinger et al, 1998) as
well as in oligodendrocytes and astrocytes (Croitoru-Lamoury
et al, 2003). In the brain, the apelin/APJ system plays a role in
maintaining body fluid homeostasis and regulating the release of
vasopressin from the hypothalamus (De Mota et al, 2004). In the
cardiovascular system, APJ is expressed in an endothelial lineage
in various species such as amphibian, mouse and human {Devic
et al, 1996, 1999; Katugampola et al, 2001). In the mouse and
human, the expression of the receptor has also been detected by
immunocytochemistry in vascular smooth muscle cells and
cardiomyocytes (Kleinz and Davenport, 2004). Apelin/APJ func-
tion in cardiomyocytes is thought to be associated with a very
strong inotropic activity (Szokodi et al, 2002; Ashley et al, 2005).
The function of apelin/APJ in EC lineage is reported to be
associated with the hypotensive activity of apelin (Ishida et al,
2004), as the activation of APJ leads to nitric oxide (NO)
production by the ECs (Tatemoto et al, 2001), and this possibly
plays a role in the relaxation of smooth muscle cells.

Using the morpholino antisense oligonucleotide, requisite
roles of the apelin/APJ system have been reported in the
cardiovascular system of Xenopus laevis (Cox et al, 2006; Inui
et al, 2006) and zebrafish (Scott et al, 2007). Xenopus apelin
(Xapelin) was detected in the region around the presumptive
blood vessels during early embryogenesis and overlapped
with the expression of Xmsr, the Xenopus homolog of APJ.
Overexpression of Xapelin disorganized the expression of the
endothelial precursor cell marker XIFli at the neurula stage.
Knockdown of Xapelin or Xmsr induced abnormal heart
morphology and attenuated the expression of Tie2, resulting
in the disruption of blood vessel formation in the posterior
cardinal vein, intersomitic vessels (ISVs) and vitelline ves-
sels. By contrast, apelin protein has been shown to induce
angiogenesis in the chicken chorioallantoic membrane assay
(Cox et al, 2006). Although the involvement of apelin/APJ in
angiogenesis and the regulation of proliferation of ECs has
been suggested, the precise function of apelin/APJ in the
morphology of blood vessels in mammals is not clear.

Here, using various in vitro and in vivo assays, we show that
apelin induces enlargement of blood vessels. Moreover, the
physiological function of apelin has been studied through the
generation of apelin-mutant mice and the relationship of Angl/
Tie2 signalling to apelin has been studied by mating apelin-
mutant mice with Angl transgenic mice. Finally, using the
para-aortic splanchnopleural mesoderm (P-Sp) organ culture
system that mimics in vivo vasculogenesis and angiogenesis
and various in vitro HUVEC culture systems, we have studied
how apelin regulates the enlargement of blood vessels.

Results

Ang1 induces apelin expression on ECs
To elucidate the molecular mechanism by which Tie2 regu-
lates the caliber change of blood vessels from small to larger

©?2008 European Molecular Biology Organization
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ones, and in order to isolate the genes encoding proteins that
are involved in caliber change and specifically expressed in
HUVECs stimulated by Angl, we constructed a subtraction
library from HUVECs with Tie2 stimulated by Angl as a
tester, and HUVECs with no stimulation of Tie2 as the driver
(Figure 1A). One of these isolated cDNA clones was the
human gene encoding apelin (Figure 1B-D). Real-time poly-
merase chain reaction (PCR) analysis revealed that apelin
mRNA was potently increased in HUVECs after stimulation
by Angl in a time-dependent manner (Figure 1B) and we
confirmed that the expression of apelin protein was markedly
upregulated on HUVECs stimulated by Angl (Figure 1C).
Moreover, the dose-dependent effect of Angl on apelin pro-
duction from HUVECs was confirmed by enzyme immunoas-
say, using the culture supernatant of HUVECs (Figure 1D).

In order to confirm further the upregulation of apelin in
ECs in vivo, we analysed apelin expression in the dermis
of Angl transgenic (AnglTg) mice, in which Angl was over-
expressed in the keratinocytes under the transcriptional
control of K14 promoter (Suri et al, 1998). As shown in
Figure 1E, apelin expression on ECs in the dermis at postnatal
day 7 was increased in AnglTg mice compared to that in
wild-type (WT) mice. We confirmed the overexpression of
apelin mRNA in AnglTg mice by quantitative real-time
RT-PCR using ECs fractionated from the dermis by a cell
sorter (Figure 1F). As it is well known that Angl is involved
in angiogenesis, next we observed the effect of other
proangiogenic molecules on the expression of apelin on
ECs. bFGF induced apelin expression on HUVECs; however,
VEGF, PDGF-BB or EGF did not affect apelin expression
(Supplementary Figure 1A and B).

Apelin with VEGF induces proliferation of ECs

With respect to the enlargement of blood vessels, it seems
likely that apelin causes the proliferation of ECs. To test this
ability, firstly we studied the proliferation of ECs using
HUVECs. As shown in Figure 2A, apelin was not effective
in inducing proliferation of HUVECs. However, upon stimula-
tion with VEGF, the expression level of APJ was upregulated
in HUVECs, at both the mRNA and protein levels (Figure 2B~
D and Supplementary Figure 2). Cell surface expression of
APJ on HUVECs was confirmed by both cell surface bio-
tinylation experiment (Figure 2D) and confocal laser scan-
ning analysis (Supplementary Figure 2). Consistent with this
result, VEGE-induced proliferation of HUVECs was enhanced
by the addition of apelin in a dose-dependent manner
(Figure 2A). Among proangiogenic cytokines, such as Angl,
EGF, bFGF, PDGF-BB and VEGF, only VEGF induced APJ
expression on HUVECs (Figure 2B-D and Supplementary
Figure 1C and D).

These results suggested that APJ is expressed and affects
ECs during angiogenesis in which VEGF levels are upregu-
lated. Next we observed the proliferation of primary ECs from
the culture of the AGM region (aorta-gonad-mesonephros
region followed by P-Sp region at embryonic day (E) 10.5 to
E11.5) in which angiogenesis was actively taking place. APJ
was highly expressed in the AGM region compared to other
tissues, such as E10.5 yolk sac, head region and heart, and
adult heart (Figure 3A). Furthermore, APJ was expressed
strongly in CD457°CD31% ECs from the AGM region com-
pared to those from E10.5 heart and adult heart. Although
ECs in E10.5 yolk sac and head region expressed APJ, the
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Figure 1 Angl stimulation induces apelin expression in ECs in vitro and in vivo. (A) Tie2 phosphorylation on HUVECs by Angl in our system.
HUVECSs, serum-starved for 2h, were either treated or not treated with 500ng/ml Angl for 10 min. Phosphorylation was studied by
immunoblotting using phosphospecific antibody (p-Tie2). (B) Quantitative real-time RT-PCR analysis of apelin mRNA in HUVECs. Total
RNA was extracted from HUVECs that had been stimulated with Angl for 0-22 h. Results are shown as fold increase in comparison with basal
levels of HUVECs (0h). (C) Immunocytochemical analysis of apelin expression in HUVECs, non-stimulated (a) and stimulated (b} by Angl
(500 ng/ml) for 20h. Cells were stained with anti-apelin mAb (green). The inset in (b) shows HUVECs stained with secondary antibody as a
negative control. Nuclei were stained with propidium iodide (PI; red). Scale bar indicates 50 pm. (D) Quantitative enzyme immunoassay of
apelin production from HUVECs stimulated by various doses of Angl. *P<0.001 (n=3). (E)} Immunochemical detection of apelin peptide in
the dermis. Sections of skin from WT and AnglTg neonatal mice were stained with anti-CD31 (green) and anti-apelin (red) mAb. Arrows
indicate CD31 * blood vessels. Scale bar indicates 30 pm. (F) Quantitative real-time RT-PCR analysis of apelin mRNA in ECs and hematopoietic
cells (HCs) of Angl1Tg mice. RNA was prepared from sorted CD31 * CD45~ ECs or CD317CD45 * HCs from the dermis of WTor AnglTg neonatal
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mouse skin. *P<0.01 (n=3).

expression level was weaker than that in the AGM region.
When cells from the AGM region were cultured on apelin-
expressing OP9 cells (Figure 3B), proliferation of CD45-CD31*
was increased compared with that on control OP9 cells and this
proliferation by apelin was abrogated by the addition of anti-
apelin blocking antibody (Figure 3C and D), suggesting that
this action of proliferation by apelin is specific to the apelin/
APJ system. Moreover, as APJ expression was weaker in ECs
from adult heart (Figure 3A) or adult liver (data not shown)
than in those from the AGM region, apelin did not induce
proliferation of ECs in such adult tissues compared to those in
the AGM region (Supplementary Figure 3).

Apelin induces the assembly of ECs

Although the proliferation of ECs is one of the factors
involved in the construction of larger vessels, it is not the
only one. The assembly or aggregation of ECs or endothelial
progenitors, resulting in abundant cell-to-cell contact, is also
necessary for the induction of a caliber change of blood
vessels into larger ones. Therefore, next we tested the ability

of apelin to regulate cell-to-cell contact. When cells from the
AGM region were put on OP9 feeder cells, the control OP9
cells induced a cord-like structure of ECs, in contrast to the
OP9 cells expressing apelin, which induced a sheet-like layer
of ECs in abundance (Figure 4A and C). When cell-to-cell
contact was observed using anti-VE-cadherin or -claudin5
antibodies, we confirmed that the sheet-like structure
was composed of ECs connected with the junctional proteins,
VE-cadherin (Figure 4B) or claudinS (Supplementary
Figure 4). Moreover, the addition of anti-apelin monoclonal
antibody (mAb) inhibited the sheet-like layer formation of
ECs induced by apelin (Figure 4B and Supplementary
Figure 4). This sheet-like structure was already observed in
the early stage of this culture (Figure 4C), suggesting that cell
aggregation was initiated when ECs were seeded on OP9 cells
expressing apelin.

Among many adhesion molecules tested, we found that
the expression of the junctional protein, claudin5, was
significantly induced by apelin on HUVECs, while that of
VE-cadherin was only slightly induced, at both the mRNA
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Figure 2 Apelin induces proliferation of HUVECs in a VEGF-dependent manner. (A) Proliferation of HUVECs by apelin. HUVECs (5 x 10°%) were
cultured with apelin (0-1000 ng/ml) in the presence or absence of VEGF (20 ng/ml) for 48 h and the number of cells was counted. *P<0.001
(n=13). (B) Quantitative real-time RT-PCR analysis of the induction of APJ expression by VEGF in HUVECs. HUVECs were stimulated with
VEGF (10 ng/ml) for 0-18 h. Results are shown as fold increase in expression in comparison with levels in stimulated HUVECs at 0 h. *P<0.001
(n=3). (C) APJ expression on HUVECs. HUVECs were cultured in the absence {a) or presence (b, c) of VEGF (20ng/ml) for 24 h and stained
with anti-APJ antibody (green) (a, b). (c) Cells stained with a secondary antibody alone as a negative control. Nuclei were stained with
propidium iodide (red). Scale bar indicates 50 pm. (D) Western blot analysis of cell surface APJ expression on HUVECs that had been
stimulated with VEGF (20 ng/ml) for 24 h. The purity of cell membrane protein was confirmed by the lack of intracellular protein GAPDH
expression. Claudin5 expression was analysed for the experimental control of another cell surface protein. Note that the expression of a 60 kDa

APJ protein was increased in HUVECs in the presence of VEGF.

and protein levels (Supplementary Figure 5). In vitro sheet-
like formation of ECs and upregulation of cell-to-cell adhe-
sion molecules by apelin indicated the involvement of the
apelin/APJ system in the assembly of ECs. Next, we per-
formed the cord formation assay of HUVECs on Matrigel in
the presence or absence of apelin (Figure 5A). After 20h of
culture of HUVECs on Matrigel, they formed a cord-like
structure in the absence of apelin (Figure 5Aa). However, in
the presence of apelin, the HUVECs formed an enlarged cord-
like structure (Figure SAbd). In this assay, by using confocal
laser scanning analysis, we confirmed that enlargement of this
cord-like structure was induced by cell aggregation, but not by
cell spreading (Supplementary Figure 6). This enlargement
was completely blocked by anti-VE-cadherin blocking anti-
body (Figure 5Acd), suggesting that the enlarged cord-like
formation induced by apelin was initiated by cell-to-cell con-
tact. Moreover, in the spheroid assay (Korff and Augustin,
1998), HUVECs formed large spheroids in the presence of
apelin (Figure 5B) and this action was abrogated by anti-apelin
antibody. Therefore, these results strongly support the notion
that the apelin/APJ system induces EC-to-EC assembly.

APJ expression in ECs during early embryogenesis

As APJ expression was observed in ECs during early embry-
ogenesis (Figure 3), we studied which vessels expressed
APJ in mouse embryos. At E8.5, cells committed into the
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endothelial lineage formed the dorsal aorta (DA), from which
ECs started to sprout. As observed in Figure 6A, APJ expres-
sion was observed in those ECs that had sprouted from the
DA but not in those that were forming the DA. At E9.5, APJ
expression was observed in the migrating end region of ISVs
sprouting from the DA (Figure 6B). Besides the expression of
APJ in the 1SVs, weak APJ expression was observed in the
somites. These expression profiles were not very different
from the results obtained by in situ hybridization analysis, as
reported previously (Devic et al, 1999). In another area of the
E9.5 embryo, we found that the anterior cardinal vein (ACV)
expressed APJ. However, when compared to CD31 expression
in ECs, APJ-positive ECs were observed in the migrating
end of the ACV, but not in the base (Supplementary
Figure 7). These expression profiles suggest that the apelin/
APJ system may be associated with angiogenesis but not
with vasculogenesis. Moreover, when apelin expression was
observed in the somite region at E9.5, we found that apelin
protein was detected in ISV (Supplementary Figure 8),
suggesting that the apelin/APJ system may be associated
with the formation of ISV.

Narrow blood vessels are induced in

apelin-mutant mice

In order to understand the physiological function of apelin,
we generated apelin-mutant mice (Supplementary Figure 9)
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Figure 3 ECs from the AGM region express APJ and are induced to proliferate by apelin. (A) Quantitative real-time RT-PCR analysis of APJ
expression in various tissues, as indicated. RNA from whole tissue, or CD45~CD31 + ECs sorted from various tissues, was evaluated for the
expression of APJ. (B) Western blot analysis of apelin expression on OP9 cells induced by mock vector (OP9/vector) or apelin expression vector
(OP9/apelin). An 8kDa apelin protein was detected in OP9/apelin. GAPDH was used for the internal control. (C) Apelin-induced proliferation
of ECs from E10.5 AGM region. Cells from the AGM region were cultured for 7 days, on an OP9/vector or OP9/apelin, in the presence or
absence of anti-apelin or control B220 mAb. AGM cells harvested from cultures were stained with anti-CD31 and -CD45 mAbs and analysed by
FACS. (D) Quantitative evaluation of the percentage of CD31*CD45~ vascular ECs cultured as described in (C). *P<0.001 (n=5}.
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Figure 4 Endothelial sheet formation by apelin. (A) Cells from E11.5 AGM region were cocultured with an OP9/vector (a) or OP9/apelin (b) for
2-6 days, and CD31 immunostaining was performed. The arrow indicates the aggregated EC sheet. Scale bar indicates 100 um. (B) Cells from
E11.5 AGM region were cocultured for 6 days with an OP9/vector (a-c), OP9/apelin in the presence of B220 control antibody (d-f) or OP9/
apelin in the presence of anti-apelin blocking antibody (g-i). ECs on OP9 cells were stained with anti-CD31 (a, d, g) and anti-VE-cadherin
(b, e, h) antibodies. (c, f, i) Merged images of (a) and (b), (d) and (e), or (g) and (h), respectively. Scale bar indicates 50 pm. (C) The proportion
of sheet-like or cord-like structures of ECs on OP9/apelin or OP9/vector stromal cells (n=3).
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Figure 5 Morphological change of HUVECs stimulated with apelin.
(A) Cord formation analysis of HUVECs cultured on Matrigel.
HUVECs were cultured in the presence of VEGF (20ng/ml) for
20h, harvested, transferred onto Matrigel and cultured in the
absence (a) or presence of apelin (b, ¢) for 10h. Anti-VE-cadherin
antibody (c) or control anti-B220 mAb (b) was added. Scale bar
indicates 200 um. (d) Quantitative evaluation of the width of the
cord-like structure observed in the various culture conditions (a:
control; b: apelin+ anti-B220 mAb; c: apelin + anti- VE-cadherin
antibody) described above. The percentage of wide cord (width
>15um) among the total cord-like structure was calculated.
*P<0.01 (n=3). (B) HUVEC spheroid assay. HUVECs stimulated
with VEGF for 24 h were harvested and cultured on nonadhesive
dishes in the absence (a) or presence of apelin (b, c) for 10h. Anti-
apelin antibody (c) or control anti-B220 mAb (b) was added. Scale
bar indicates 500 um. The inset in each panel shows higher magni-
fied representative spheroid under each condition. (d) Quantitative
evaluation of the size of spheroid observed in the various culture
conditions (a: control; b: apelin; c: apelin + anti-apelin antibody)
described above. The percentage of large spheroid (diameter
>200pum) among the total spheroid was calculated. *P<0.01
(n=3).

and observed blood vessel formation. Mice heterozygous for
apelin were intercrossed and their offspring were obtained.
The frequency of mutant homozygotes obtained in hetero-
zygote intercrosses was close to the expected 25%, suggest-
ing that apelin-deficient mice are not embryonically lethal.
Although a small population of apelin-mutant mice lacked
eyes and lost a great deal of weight, for reasons that have
not been determined as yet, generally, the mutant animals
appeared healthy as adults. Crosses between homozygous
apelin-mutant animals were also fertile, indicating that
implantation and embryonic development can apparently
occur normally even when apelin is absent from both the
embryo and the mother.
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As apelin deficiency in Xenopus leads to severe disorga-
nized blood vessel formation {Cox et al, 2006; Inui et al,
2006) and might induce embryonic lethality, it is possible that
other unknown molecules compensate and rescue apelin
deficiency in mammals. Before a compensatory effect was
investigated, we studied the ISV at E9.5 (Figure 7A-C and
Supplementary Figure 10}, because we found that APJ ex-
pression was clearly observed in vessels sprouted from the
DA into the somite (Figure 6). The results showed that
body size and number of somites were equivalent between
WT and apelin-mutant embryos at E9.5, but that the caliber of
ISVs was narrower in apelin-deficient embryos compared
with WT embryos. The expression of APJ was observed in
all ECs of ISV sprouted from the DA, ranging from the
base region of the sprout to the migrating end at E8.5; the
expression had disappeared in the base region near the DA at
E9.5 (Figure 6). This expression pattern in the phenotype of
apelin-deficient embryos suggests that APJ expression is
regulated by VEGF or other unknown molecules in ECs at
the migrating end, in order to regulate the caliber size of
blood vessels.

General Angl administration has been reported to induce
enhancement of blood vessel formation in the trachea of
adult mice (Cho et al, 2005). This indicates that tracheal
blood vessels are active in angiogenesis in adulthood and it is
possible that apelin deficiency affects blood vessel formation
in this region. As expected, the blood vessels observed in the
trachea of apelin-deficient mice were narrower than those in
WT mice and, in addition, the capillary density was lower
(Figure 8). Moreover, the blood vessels observed in the
dermis (Figure 9 and Supplementary Figure 11) and heart
(data not shown) of apelin-deficient mice were narrower than
those in WT mice.

Through the use of the in situ hybridization method of APJ
expression, it has been reported that APJ is not expressed on
larger vessels such as DA, except for the posterior cardinal
vein during early embryogenesis at around E9.5 (Devic et al,
1999). This result is consistent with our immunohistochem-
ical analysis. The caliber sizes of the aorta and vena cava,
and their major branches such as brachiocephalic, subclavian
and common iliac arteries and veins, were not affected by the
lack of apelin (data not shown). Therefore, this suggests
that apelin may not be involved in the regulation of caliber
size of larger vessels. Moreover, although apelin deficiency
in Xenopus led to severely disorganized blood vessels in the
vitelline (Cox et al, 2006; Inui et al, 2006}, it did not affect the
remodelling of blood vessels in the yolk sac (Supplementary
Figure 12).

In order to analyse precisely the function of the exogenous
apelin in the in vitro culture system, it was necessary to
exclude from the analysis any confounding effects of the
contaminating apelin from the culture serum, as well as the
endogenous apelin produced from cultured cells. In order to
achieve this, we tried to culture the aorta ring from apelin-
deficient mice under quite low serum-containing conditions
(Figure 7D and E). Although VEGF induced sprouting of ECs
from the aorta, apelin on its own did not. However, the
caliber size of VEGF-induced sprouts was enlarged upon
the addition of apelin. Most of the sprouts induced by
VEGF plus apelin contained large luminal cavities (data not
shown). Therefore, we confirmed that apelin regulates caliber
change in angiogenesis and this effect is induced in the
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Figure 6 Expression of APJ in embryo. (A) Whole-mount staining of E8.5 mouse embryo with anti-CD31 (red) and anti-APJ (green) antibodies.
(B) Staining of E9.5 mouse embryo section with anti-CD31 (red) and anti-APJ (green) Abs. The left panel shows high-power view of the area
indicated by the box. Note that the DA stained by anti-CD31 Ab did not express APJ and APJ expressed on ECs sprouting from DA. Scale bar
indicates 500 pm.

Apelin KO E9.5

w
[=]
o

200 -

100 4

Vascular diameter (um?2) O

KO

m

40

30

20

10

Average of vascular size (um)

Apelin
VEGF +VEGF
Figure 7 Defect of the enlargement in blood vessel caliber in apelin-deficient mice. (A) Whole-mount immunobhistostaining of WT (a, b) and
apelin-deficient (c, d) embryos at E9.5 with anti-CD31 Ab. (b) and (d) are higher magnifications of the areas indicated by the box in (a) and (c),
respectively. Scate bar indicates 300 um. (B) Sections containing ISVs (arrowheads) from WT and apelin-deficient (KO) embryos at E9.5 were
stained with anti-CD31 antibody. The level of the sectioning position is indicated by a white bar in (b) and (d). Scale bar indicates 30 um.
(C) Quantitative evaluation of the vascular diameter of intersomitic blood vessels from apelin-deficient (KO) versus WT mice. *P<0.001
(30 vessels from 5 embryos were examined). Details of the measurement of vascular diameter are shown in Supplementary Figure 7.
(D) Representative pictures of microvessels sprouted from aortic ring using apelin-deficient mice. Aortic ring was cultured in the presence or
absence of VEGF (10 ng/ml) or apelin (100 ng/ml). PBS was used as a negative control. Pictures in the right panel show a high-power view of
the area indicated by the box, respectively. Scale bar indicates 300 pm. (E) Quantitative evaluation of the vascular size of sprouted microvessels
from the aortic ring cultured as described in (D). Vascular size was measured as the length between two parallel lines as indicated in (D).
*P<0.003 (n=30).

absence of blood flow. It is known that blood flux regulates ECs. However, the results were contrary to our expectation.
vessel size (Koller and Huang, 1999). Therefore, it is In vitro shear stress on HUVECs attenuated apelin mRNA
possible that shear stress may induce apelin expression in expression in HUVECs (Supplementary Figure 13).
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